ABSTRACT: The nitrogen balance of a shallow water eelgrass Zostera marina L. bed was assessed in April and August 1995 by quantifying pools of nitrogen in plants and sediment and by measuring rates of nitrogen inputs and losses in vegetated and bare sediments. The total pool of nitrogen in the vegetated sediment doubled from April to August. The exchange of inorganic nitrogen between water column and sediment was measured m benthic flux chambers, and showed that vegetated sediment was a sink for water column nitrogen in both April and August. Net nitrogen fluxes of NO< and NH4+ were controlled mainly by light dependent nitrogen uptake in eelgrass leaves, which accounted for 60% of the estimated nitrogen requirements for plant growth. Nitrogen fixation was stimulated by eelgrass photosynthesis, but contributed less than 4 % to total nitrogen input. The nitrogen mass balance suggested a large import of particulate nitrogen in addition to net uptake of inorganic nitrogen. Nitrogen was lost from the vegetated sediment mainly via export of leaves. Rates of denitrification measured with in situ techniques were low compared to the activity in bare sediments of similar areas, Increased denitrification was found in the eelgrass rhizosphere in April, but the overall denitrification activity within the bed barely balanced nitrogen fixation. The study shows that eelgrass vegetated sediments may influence the nitrogen cycling of shallow waters substantially by incorporating large pools of nitrogen into slowly degradable material, making nitrogen at least temporally unavailable to phytoplankton and ephemeral macroalgae. The results also suggest that neither nitrogen fixation nor denitrification plays a major role in the nitrogen dynamics of eelgrass beds.
INTRODUCTION
Eelgrass Zostera marina (L.) forms extensive and highly productive beds in sheltered shallow estuaries in Northern Hemisphere coastal areas (den Hartog 1970) . During the past 3 to 5 decades increased anthropogenic nitrogen loading (Nixon 1995) has significantly reduced the abundance and depth penetration of the plants (Duarte 1995 , Borum 1996 . It is likely that eelgrass biomass and abundance will increase if nitro-are therefore required to support this growth. Some of this requirement is met by internal recycling (Borum et al. 1989 ), but up to 80% is taken up from the sediment and water column (Hemminga et al. 1991, and references therein, Pedersen & Borum 1993) . Approximately 50% of the annual nitrogen uptake is drawn from the water column (Hemminga et al. 1991 , Pedersen & Borum 1993 while the rest is taken from the sediment. Total annual nitrogen incorporation may exceed 2 mol nitrogen ~n-' (Pedersen & Borum 1993) , and a substantial fraction of this nitrogen is accumulated within eelgrass beds during the growth season. Conversely assimilated nitrogen is exported to adjacent areas via loss of leaves (Bach et al. 1986 ). Eelgrass tissues decompose relatively slowly (Harrison 1989 , Buchsbaum et al. 1991 , Enriquez et al. 1993 and assimilated nitrogen therefore is retained within the tissue for long periods. The integrated effect of eelgrass nitrogen incorporation is that nitrogen is temporarily immobilized and made unavailable for other autotrophs.
Eelgrass beds also are efficient sinks for particulate nitrogen, because current velocity is decreased in the eelgrass canopy (Hemminga et al. 1991) , which favors sedimentation and accumulation of suspended matter (Kenworthy et al. 1982) . This import of nitrogen to the eelgrass bed from accumulated organic matter supplements sediment pools of nitrogen available for plant uptake.
Nitrogen fixation in seagrass vegetated sediments is often enhanced when compared to that in bare sediments (O'Donohue et al. 1991 , Moriarty & O'Donohue 1993 , Welsh et al. 1996 , McGlathery et al. 1998 , and it has been suggested that the activity of nitrogen fixating bacteria is associated with the release of photosynthetic exudates via the roots (O'Donohue et al. 1991 , Welsh et al. 1997 , McGlathery et al. 1998 . This nitrogen may be a supplementary nitrogen source for plant uptake, and for some nitrogen limited seagrass ecosystems up to 50% of the nitrogen requirements for plant growth is supported by bacterial nitrogen fixation (O'Donohue et al. 1991) .
Rooted macrophytes may also promote loss of nitrogen through increased coupled nitrification-denitrification. The plants transport 0, from leaves to roots via an air-lacuna system, and the O2 can then diffuse from the roots into the sediment (Armstrong 1967 , SandJensen 1982 , Christensen et al. 1994 . Here it can be used for NO3-production by nitrifying bacteria. This N O 3 can thereafter undergo denitrification in the anoxic sediment surrounding the roots (Christensen & Ssrensen 1986 , Caffrey & Kemp 1992 , RisgaardPetersen & Jensen 1997 . Indirect experimental results, based on nitrogen mass balance studies of laboratory incubated sediment with Zostera marina plants (Flindt 1994) , and measurements of the potential for nitrification and denitrification (Caffery & Kemp 1990) , further indicate that such a mechanism may increase nitrogen loss from eelgrass vegetated sediments. However, at present no direct evidence for elevated coupled nitrification-denitrification activity in the eelgrass rhizosphere is published. The presence of eelgrass may also increase the sediment organic content (Hemminga et al. 1991) and reduce ammonium availability, making rhizosphere conditions for coupled nitrification-denitrification less favorable.
Most studies on nitrogen dynamics in eelgrass beds have focused on individual processes responsible for the uptake and loss of nitrogen (for a thorough review see Hemminga et al. 1991) . It is clear, however, that a better understanding of the nitrogen dynamics in these systems requires integrated studies of the plants in the complex ecosystem in which they function. In the present study, we measured processes of loss and gain of nitrogen in a temperate Zostera marina bed during periods of the most active growth season. The aim of the study was to identify the most important processes responsible for the exchange of nitrogen between the vegetated sediment and the water column and thus evaluate the role of the bed as a nitrogen sink.
MATERIALS AND METHODS
Study site. Nitrogen transformations were studied in situ during field campaigns in April and August 1995 in an eelgrass Zostera marina (L.) bed located in the eastern part of Lsgstsr Bredning (56.58" N, 9.16" E), Limfjorden, Denmark. April represents the start of the most active growth season, with high specific plant growth rates, but relatively low biomass, and August represents maximum area-based production due to high plant biomass (Sand-Jensen 1975) . Water depth within the bed was 0.6 to 1.2 m. The eelgrass bed was patchy and covered -70 % of the sea floor.
In situ measurements of fluxes. Fluxes of 02, No3-and NH,' between the water column and the sediment-eelgrass community were measured in situ during the day and at night in benthic flux chambers (Fig. 1) . The chambers (height: 50 cm; surface area: 30 x 30 cm) were made of transparent Plexiglas, and equipped with a transparent lid, kept in place by nylon screws. A rotor, consisting of 4 rods (9.5 x 1.3 cm, each inserted perpendicular to the next into a 5.5 cm diameter disc), was mounted on the lid of the chambers. This device contained magnets coupled to an external magnet driven by a stepper motor. During incubation the rotating speed of the rotor was set to 15 rpm. A detailed description of the in situ incubation chamber is given by Glud et al. (1995) .
The chambers (n = 3) were placed within the eelgrass bed at least 6 h prior to incubation, and left open until incubation was initiated. The chambers were pushed approximately 20 crn into the sediment, leaving 30 cm of water column. In August, when eelgrass leaves were much longer than the height of the chamber, a nylon net (mesh size: 1 x 1 cm; line thickness: 0.3 mm) was mounted inside the chambers to prevent the leaves from becoming entangled in the rotor.
During the 2 to 5 h of incubation, 5 water samples of 100 ml were collected at regular time intervals. The samples were collected with 50 ml plastic syringes through Tygon tubes mounted on the chambers, and the extracted water was replaced by an equal volume of ambient sea water.
Samples for O2 determinations were transferred to glass vials (Exetainer, Labco, High Wycombe, UK) and Winkler reagents were added immediately. Samples for NO3-and NH4+ determinations were filtered through wm.man GF/C glass fiber filters, transferred Fig. 1 . Benthic flux chamber with rotor and external battery to plastic vials, and then immediately frozen on dry ice (-57°C).
In order to distinguish between plant and sediment cessed and stored as described above, and samples for effects on fluxes, measurements were also performed "Nz and 30Nz determinations were transferred to glass on bare sediment sampled between the plants. The vials (Exetainer) and preserved with 250 f l 7 M ZnC1,. upper 10 cm of the sediment was sampled by hand in "N2 and 30Nz that had accumulated in the sediment core tubes (inner diameter [i.d.] : 5 crn; length: 30 cm; pore water during the incubation were collected at the n = 5), which then were placed on the sea floor a few end of the experiment, because this procedure meters away from the benthic flux chambers. Constant requires destructive sampling. The lids of the benthic movement of the water column above the cores was flux chambers were carefully removed, and from each provided by rotating Teflon-coated magnets mounted of the chambers 5 subsamples of sediment, including Inside the core tubes approximately 5 cm above the the lowest few cm of the water column, were collected sediment surface. The magnets received momentum in small core tubes (i.d.: 3.5 a; length: 12 cm). A samfrom an external rotating magnet driven by a waterple of the water column in the core for ' *N2 and 3%J2 proof stepper motor. This motor was mounted on a determinations was taken as described above. Water stand, to which the core tubes were fixed. The core and sediment in the core tubes were then gently mixed tubes were left open -2 h and were then sealed with with a rod, after addition of 0.5 m l 7 M ZnC12. A sample transparent lids when incubation was initiated.
of this sediment-water suspension was collected with a After 2 to 6 h of incubation, water samples for 02, glass syringe, transferred to glass vials and preserved NO3-, and m+ determinations were collected with a with 250 fl 7 M ZnClz for later analysis of I5N labeled syringe, processed, and stored as described above. IniNz species. tial samples for determinations of these species were Coupled nitrification-denitrification in the eelgrass collected from the ambient water.
rhizosphere. Coupled nitrification-denitrification in In sifu measurements of denitrification. Rates of surthe rhizosphere was estimated with a perfusion techface associated denitrification in the eelgrass vegenique that allowed us to distribute 15NH4+ homogetated sediment were measured in situ during the day neously throughout the rhizosphere. This technique and night in the benthic flux chambers (n = 3). A volwas based on a replacement of the sediment pore urne of 30 ml of a 100 rnM 15N03 stock solution (15N water with I5NH4+ enriched pore water. Sediment abundance: 99 atom%) was added to the water column cores (length: 15 cm) containing intact plants were colof the chambers after they were sealed with transparlected by hand in Plexiglas core tubes (50 cm long and ent lids.
10 cm in diameter), brought to the laboratory, and Five times during the 2 to 6 h incubation, water samplaced in an open tank with aerated in situ water. The ples for "N2, 30N2, OZr and '=NO3 enrichment determicore tubes were equipped with 2 vertical rows of silinations were collected from the water column of the con sealed holes positioned at 1 cm depth intervals. A chambers. Samples for ''NO3-determination were pro-3 cm thick PVC bottom was inserted into the core tubes and fixed to the tubes with a silicon greased O-ring.
The PVC bottom had 5 concentric grooves (0.5 cm wide, 0.5 cm deep), each connected to a radial channel. This channel was connected to a pump by Tygon tubes. The interface between the PVC bottom and the sediment in core tuhes was covered by a nylon net to prevent sediment loss during the pore water extraction procedure.
The pore water of the cores was drained with a vacuum pump and collected in glass bottles. The extracted pore water was kept anoxic by purging with N2, and ISNH4+ (500 pM, 99 atom% 15N) was added before the water was drawn back into the intact sediment core. Four ISNH,+ enriched sediment cores were incubated outdoors for about 6 h during the day, and 4 cores were incubated 6 h at night. Samples of %I2 and 3%2 in the pore water and the water column were taken at the beginning and at the end of the incubation periad.
Water sarnpIes of 1 ml were collected from the water column and at 1 to 2 an depth intervals in the sediment down to a depth of 13 cm below the sediment surface with a syringe through the silicone sealed holes. The samples for lSNz mass spectrometry analysis were transferred to 6 ml He-purged, pre-evacuated glass vials (Exetainer) containing 100 pl 3 M ZnC12, Nitrogen lixatian In eelgrass vegetated sediment.
Bacterial Wp fixation activity was measured by the C&i2 reduction method (Hardy et al. 1968) adapted to a setup sirnilar to the one used for measuring coupled nitrification-deniWcation in the rhizosphere. The pore water was drained and C2H2 (20%) w e added before the pore water was drawn back into the r h k~s -phere as described above. Four sediment cores were incubated for about 6 h under in situ light conditions and 4 were incubated in the dark. Initial and final samples for Cz& determination were collected from sediment pore water and the water column with a syringe, as described above. Samples of 1 ml of water were transferred to venojects (Teromo, Europe] and preserved with 25 pl 7 M ZnC12.
Nitrogen pools in eelgrass and in the sediment. For determinations of plant-bound nitrogen, eelgrass leaves, roots and rhizomes were collected w i t h a 18 cm i.d. steel tube forced -20 cm into the sediment. Six samples were taken witbin the bed and the plant material was washed in a 1 mm sieve in the field. The plants were sorted, counted and separated into leaves and rootlrhizomes, and subsequenfly dried to constant weight at 90°C. Subsamples of dried plant material were stored in plastic viais for later nitrogen determination. Nitrogen bound to sediment particles was deter- frozen (-18°C) to keep rooVrhizomes and dead particulate plant material in a fixed position. Subsequentl~ the cores were sliced into 1 to 4 cm sections with a thin saw blade. The sediment material was dried to con4 stant weight at 90°C and then sieved to separate pat* t i d a t e organic matter (defined as particles > l mm) from the bulk sediment. Subsamples of sediment and particulate organic material were stored in plastic vials for later nitrogen determinations.
Eelgrass nifrogen incorporation, nitrogen reclamation and nitrogen lwms. Nitrogen incorporation inW eelgrass tissue, internal recycling of nitrogen in the plants, plant nitrogen demand, and losses of nitrogen from the live biomass were estimated from the growth of leaves and roots/rhizomes, the tissue-specific nitro* gen content of leaves and groups of roots/rhizomes of different age, and changes in above-and belowground biomass between April and August (Pedersen & Borua 1993) .
Growth of eelgrass leaves was determined by the in situ leaf marking technique (Sand-Jensen 1975) . Root/ rhizome growth was estimated from the production of new leaves, since 1 new root/rborne inter-node is produced for each new leaf (Pedersen & B Q~ 1993) . Additional plants (n = 9) were collected and separated into leaves and groups of roots/rhizomes of different ages for analysis of the tissue-specific nitrogen contents (Bonun et al. 19891 , The leaves were scraped free of epiphytes by a scalpel before being dried to constant weight at 60%.
Analyses. Nitrate was determined using a standard . method (Grasshoff et al. 1983 ) on a flow injection analyzer (Perstop Analytical, Environmental Wilaonville, Oregon, USA). Ammonium was analyzed colorimetrically as described by Bower & Holm-Hansen (1980). Oxygen was determined by the Winkler titration method (Grasshoff et al. 1983 ) witfiin a few hours after sampling, Abundance d 29N2 and 3"N2 i n . water samples and sediment-water suspensions was determined on a combined gas chromatrograph-mass spectrometer (RopoPrep-O+ in line with Tracermass, Europa Sdentific, Crewe, UK) as described by Risgaard-Petersen & Rysgaard (1995) .
The I5N atan% of NO3-in the '%lo3-amended flux chambers was measured by mass spectrometry &er biological reduction to N2 (Risgaard-Petersen et al. 1993 ).
Ethylene and acetylene were determined on a HP-5890 gas chromatograph equipped with an IT3 detector and a poraplot U-type column (10 m, 0.53 mm, 20 w)* Particulate nitrogen in plants and sediment was measured on FI CN elemental analyzer (RopoPrep-CN).
Calculati6ns. Fluxes of NO3-, W+, Oz,Z?N2 and 30N2
were calculated from the changes in concentrations in the chambers with time by linear regression using all solute concentrations measured in the water overlying the sediments (benthic flux chambers, n = 5; core tubes, n = 2).
In situ denitrification activity in the sediment surface (i.e. denillification of "NO3-) was estimated with the isotope pairing technique from the production rates of 29N2 and 3?N2 in the "NO3-amended flux chambers (Nielsen 1992) . hoduction rates of I5Nz (i.e. "N2 and 30N2) were calculated as the sum of ISN2 fluxes from the sediment to the water column and the rate of "N2 accumulation in the sediment, The denitrification activity was diwided into rates of coupled Ritrificationdenitrification and denitrification of NO3-supplied from the water column, as described by Nielsen (1992) .
Deniacation in the eelgrass rhizosphere was calculated from the production of 29N2 and W2 in the 15NH4+ amended perfusion cores, using the isotope pairing technique. Depth-specific coupled nitrification-denitrification of both 15NI-&+ and "NH4 was calculated for each l to 2 crn depth interval.
Rates of N2 fixation in the eelgrass rhizosphere were calculated from the C2H4 production rates in the C2H2 amended perfusion cores using the stoichiomeMc relationship of 1 mol N2 fixed for every 3 mol C2H2 reduced (O'Danohue et al. 1991) .
Diurnal flux, denitrification, and N2 fixation rates were calculated from rates obtained during the day and at night. A' 15/9 h LighVdark diurnal cycle was used in April, and in August a 16/& h LighVdark diurnal cycle vvas used.
Eelgrass nibogen incorporation, nitrogen uptake into new tissue, recycling of nitrogen from old to new plant parts, and losses of nitrogen from the leaves or the roots were estimated from the growth of the plants, age-spedic nitrogen content of leaves and roots/rhizomes, and the eelgrass biomass. For further details see kdersen & Borum (1993).
RESULTS

Physical, chemical and biological description of the sampling station
The bottom water temperature increased from April to August due to increased irradiance (Table MI . Bottom water O2 concentration was equivalent to atmaspheric saturation in April, whereas a large reduction in O2 was observed at night in August. Nitrate and NH4+ concentrations were highest in April. Eelgrass production was highest in August ( Table IB) . The shoot density decreased from April to August but total eelgrass biomass remained roughly the same. Probably the mild Danish winter in 1994-1995 allowed sunrival of a relatively large eelgrass biomass, and this might explain why the April biomass was about 2-fold higher than the values reported by Sand-Jensen (19751, whereas the August biomass was similar.
Exchange of O2 and dissolved inorganic nitrogen between the water column and the sediments
In both April and August, rates of net O2 production in the light and rates of O2 consumption in the dark were highest for the eelgrass vegetated sediment (Table 2) . Over a diurnal cycle the vegetated sediment was net O2 producing, whereas the bare sediment was net O2 consuming. This shows that eelgrass and the Table 2 . Fluxes of 02, NO3-and NH4+ between the water column and the eelgrass vegetated sediment, and between the waW column and bare sediment. Negative fluxes represent net uptake from the water column. Standard errors are given in paren* s~ (for the vegetated sediment: n = 3; for the bare sediment: n = 5). nd: values below detection limit interval of the sediment. Standard errors are given in parentheses. For surface denitrification: n = 3; for rhizosphere denitrifica-, tion and N2 fixation: n = 4. nd: values below detection Limit associated epiphytes were the dominant benthic priDenitrification mary producers. The rate of diurnal O2 net production for the vegetated sediment increased by a factor of 2.5
Surface denitrification rates were highest in April from April to August. For the unvegetated sediment (Table 3) , coinciding with highest NO3 concentrations the rate of diurnal net O2 consumption more than douin the water column (Table 1) . During this month the bled during this period.
activity was based primarily on NOT diffusing from the There was a net uptake of both NH4+ and NO3-from water column, while NO3-produced by nitrification the water column by the unvegetated and vegetated within the sediment was less important. In August desediments in April (Table 2) , and more than 70 % of this nitrification was only based on NO3-supplied from the net uptake of dissolved inorganic nitrogen (DIN) was water column. based on NO3-. In August, only NO3-was taken up
Only in April did we find indications for coupled from the water column, the NH4+ flux was not denitrification-denitrification in the rhizosphere of eeltectable due to low %+ concentrations (Table 1) . Flux grass during the daytime. Maximum activity of courates of DIN were always highest in the light and were pled nitrification-denitrification in this month was about 5-fold (April) or 2-fold (August) higher for the found at 0.5 to 4 cm depth (Fig. 2) , and the activity vegetated than for the unvegetated sediment. This difbelow 0.5 cm depth was most likely associated with the ference indicates that the plants and their epiphytes root system of eelgrass. Depth integrated, root associwere responsible for about 78% of the DIN exchange ated coupled nitrification-denitrification activity was in April (corresponding to 8.9 * 2.5 mmol nitrogen rn-' about 60 % of the diurnal coupled nitrification-denitrid-I). In August -60% of the DIN exchange could be fication activity and approximately 25% of the total attributed to the plants (3 * 1.3 mmol nitrogen md2 d-I). denitrification activity for the vegetated sediment DIN flux rates integrated over a full diurnal cycle (Table 3) . Large spatial variation between individual decreased from April to August for the sedimentcores was observed (Fig. 2) , suggesting that the coueelgrass community, probably due to a decrease of pled nitrification-denitrification activity was restricted NO3 and NH4+ concentrations in the water column to unevenly distributed micro sites or that the root bio- (Table 1) 
Nitrogen pools in the eelgrass bed
The pool of plant-bound nitrogen was similar in April and August (Table 5) , suggesting steady state conditions between plant nitrogen uptake and loss of plant-bound nitrogen from the biomass of eelgrass. The sediment nitrogen pool in the eelgrass vegetated sediment, however, more than doubled between April and August. Nitrogen bound to dead organic matter was 12.5 % of total sediment nitrogen in April and 5.1 % in August. The total nitrogen pool of the meadow, that is plant-bound nitrogen and sedirnentbound nitrogen, increased significantly between April and August. The average daily nitrogen accumulation rate 
Nitrogen fixation
In contrast to coupled nitrification-denitrification, bacterial N, fixation was present in the eelgrass vegetated sediment both in April and August, and the activity was always highest in the light (Table 3 ). The latter may suggest a coupling between eelgrass photosynthesis and bacterial N2 fixation. Maximum rates of N2 fixation were observed in August in light incubations, when the temperature of the water column and O2 production of eelgrass were highest (Tables 1  & 2 ). The N2 fixation activity almost balanced the nitrogen loss from the sediment caused by denitrification.
DISCUSSION
Plant mediated uptake and loss of nitrogen
The average nitrogen incorporation rate of the plants for the April and August periods (Table 4) approached that for phytoplankton at Lagsterr Bredning (16 mmol N m-2 d-'; estimated from primary production, data supplied by the County of Viborg, Denmark). The nitrogen was mainly taken up from the external sources, since nitrogen recycling from old to young plant parts was less important. The partition between internal and external sources agrees well with data of Pedersen & Plant mediated uptake and loss of nitrogen The rate of nitrogen incorporation into the eelgrass demand and losses of nitrogen for the eelgrass plants in April biomass was highest in August (Table 4) when areaand August based production was highest. In both April and August, recycling of nitrogen from older to younger plant parts could satisfy less than 20% of the total nitrogen demand, and the sediment and the water column were consequently the main nitrogen source for the plants. During both field campaigns, nitrogen incorporation into leaves exceeded root nitrogen incorporation. Nitrogen was lost from the eelgrass biomass with a rate close to the nitrogen uptake rate (Table 4) . About 78 % of the nitrogen lost from the live eelgrass biomass was lost as leaf-bound nitrogen, while the remainder was lost directly to the sediment as dead roots and rhizomes. 
August
Above ground biomass (g dw ma) The nitrogen flux data for the vegetated and the unvegetated sediment (Table 2 ) and data for plant nitrogen demand (Table 4) indicate that the water column was the main nitrogen source for the plants in April. In August, when concentrations of N O 3 and NH4+ in the water column were low, the plants mainly extracted their nitrogen from pools of remineralized nitrogen in the sediment. Pedersen & Borum (1993) also showed that root uptake of nitrogen was most important during periods when N O 3 and NH4+ in the water column were depleted. With increasing nutrient concentration in the water column, these authors showed that leaf uptake would exceed root uptake.
The exchange of N O 3 and NH4+ between the water column and the vegetated sediment was mainly controlled by light dependent plant nitrogen uptake (Table 2) , which agrees with previous data reported for Zostera noltii vegetated sediments (Rysgaard et al. 1996) . There was a positive correlation between aboveground eelgrass biomass and the diurnal DM flux rate (Fig. 3) , as indicated by parallel flux measurements by E. Kristensen (pers. comm.) and Hansen et al. (unpubl.) . This correlation suggests that eelgrass vegetated sediments are more sigmficant sinks for dissolved NO< and NH4+ than sediments with microalgae communities, which may result from the greater area of the eelgrass leaves exposed for nutrient uptake. However, more data points would indeed have been desirable to consolidate further this proposed relation between aboveground biomass and DIN flux.
Despite significant net uptake of NO3 and N&+ in both April and August, there was no net accumulation of nitrogen in the live eelgrass biomass (Table 5) . A steady state between uptake and loss of nitrogen by the plants was therefore achieved. The turnover time of nitrogen in the live eelgrass biomass was approximately 60 d, as estimated from nitrogen uptake rates (Table 4 ) and the nitrogen content of the biomass (Table 5 ). This nitrogen turnover is much slower than that found for planktonic algae (<I d, Paasche & Kristiansen 1982 , Lomstein et al. 1998 .
The loss of nitrogen from the live eelgrass biomass was probably the consequence of shedding of old leaves and senescence of roots/rhizomes, because both grazing (Nienhuis & Groenendijk 1986 ) and leaching of nitrogen from old attached leaves or roots/rhizomes are unimportant sinks for eelgrass nitrogen (Borum et al. 1989 , Pedersen & Borum 1992 . Most of the nitrogen (-78%) was lost as leaves (Table 4) and potentially subjected to export from the eelgrass bed (Bach et al. 1986) , thus representing a true nitrogen loss from the eelgrass vegetated sediment. The remaining root/ rhizome-bound nitrogen that was lost directly to the sediment could be retained and eventually recycled within the bed, since the loss of mineralized nitrogen via coupled nitrification-denitrification, as indicated below, was insigmficant.
Nitrogen fixation
Fixation of N2 was of no particular importance for eelgrass nitrogen uptake. Of the daily nitrogen demand of the plants (Table 4) , bacterial N2 fixation could satisfy less than 3 % in April and less than 4 % in August. In contrast, O'Donohue et al. (1991) found that the process could supply up to half the nitrogen demand of Zostera capricorni plants, and Welsh et al. (1996) found that N2 fixation could supply about 12% of the annual nitrogen demand of Z. noltii plants. The insignificant importance of N2 fixation for the plants in this study was probably due to high nitrogen availability in the water column and the sediment (Tables 1   & 5 ).
Our data may indicate a direct coupling of N2 fixation to eelgrass production and photosynthesis (Tables 2 & 3) , which, as suggested by O'Donohue et al. (1991) , may come from a supply of photosynthetically derived organic carbon via the root system to heterotrophic N2 fixation. Data given by McGlathery et al. (1998) , who found good correlation between the spatial variation in root biomass and N2 fixation activity, and maximum activity in the summer months when eelgrass production was highest, is consistent with this hypothesis. Other studies have also reported highest N2 fixation activity in the summer for Zostera capriconi (O'Donohue et al. 1991 ) and for Z. noltiivegetated sediments (Welsh et al. 1996) .
Denitrification
It has been suggested that denitrification activity is enhanced in eelgrass vegetated sediments compared to the activity of unvegetated sediments (Flindt 1994) , because the plants stimulate coupled nitrificationdenitrification by O2 excretion via the root system. This suggestion was based on mass balance studies of laboratory incubated sediment with eelgrass plants (Flindt .1994 ) and measurements of the potential nitrificationdenitrification activity (Caffrey & Kemp 1990) , but the hypothesis has not been verified by direct measurements.
In the present study, where direct techniques were applied, denitrification was mainly based on water column NO3- (Table 3) . Christensen et al. (1990) where Fo2 is the sediment 0, consumption rate and Co2 and CNO3 are the O2 and NO3-concentrations, respectively. The model assumes that denitrification is the only sigmficant NOT reducing process. Using this model to estimate denitrification activity for a sediment with O2 consumption and water column concentrations of O2 and N O 3 similar to the sediment investigated in this study (Tables 1 & 2, using the O2 consumption measured on the unvegetated sediment), we found that nitrogen loss via denitrification of water column N O 3 was much lower for the vegetated sediment than the activity expected for an equivalent bare sediment. Modeled activities were 1.5 mmol nitrogen m-2 d-I in April and 0.4 mmol nitrogen m-2 d-' in August, which are more than 3 times the actual measured rates.
Surface and rhizosphere associated coupled nitrification-denitrification was only measurable in April. The finding that coupled nitrification-denitrification was mainly associated with the rhizosphere when the plants were photosynthetically active supports the hypothesis that eelgrass can stimulate nitrogen removal via O2 release by the roots. However, the overall coupled nitrification-denitrification activity corresponded to less than 30% of the average activity reported for temperate unvegetated sediments (Seitzinger & Giblin 1996) , and less than 25 % of the activity reported for various unvegetated sediments in Danish fjords (Dalsgaard et al. 1998 ).
As indicated above, total denitrification was less than one-third of the activity expected for an equivalent unvegetated sediment. The results of the present study therefore suggest that the eelgrass vegetated sediment investigated was a poor environment for nitrifying and denitrifying bacteria, which agrees with previous data reported for Zostera ~o l t i i vegetated sediments (Rysgaard et al. 1996) . This negative effect could be the result of enhanced organic loading to the sediment induced by the plants (Hemminga et al. 1991) or enhanced sedimentary Sod2-reduction activity (Holrner & Nielsen 1997 , Blaaberg et al. 1998 ). These conditions may inhibit nitrification (Henriksen & Kemp 1988 , Sloth et al. 1995 and be beneficial for the activity of bacteria with a capacity for dissimilatory NO3 reduction to NJ&+ (Tiedje 1988 ).
Nitrogen mass balance for the eelgrass bed Fluxes and rates of nitrogen transformations can be compiled in a mass balance for the eelgrass bed for April and August (Fig. 4) . We assumed that mean rates for nitrogen transformations and fluxes could be calculated as the average of April and August rates. Given the small scale nature of this study, however, and the patchiness of the eelgrass bed, we emphasize that we might have missed important features that could alter the nitrogen budget presented in Fig. 4 .
Our data showed that the eelgrass vegetated sediment was a nitrogen sink in April and August. The main flow of measured nitrogen compounds between the vegetated sediment and the water column was diverted through the plants, while the microbial pathways were insignificant. Nitrogen fixation accounted for less than 4 % of the measured nitrogen input to the system, and less than 3 % of the nitrogen loss from the system was due to denitrification, given that shed leaves were exported to adjacent areas. The balance between NO3--+ fluxes, nitrogen fixation and deni- trification could explain less than 3 % of the average nitrogen accumulation (20.7 mmol N m-2 b') if nitrogen bound to shed leaves was exported. If the sloughed leaves, on the other hand, were retained within the bed, -40% of the total increase in nitrogen was explained. Sedimentation of suspended matter was probably responsible for the remainder and was consequently the dominant nitrogen source for the bed. Of the average nitrogen demand of the plants, nitrogen uptake from the pool of mineralized nitrogen in the sediment was approximately 40% of which N2 fixed by bacteria could provide less than 10%. This suggests that input of particulate organic nitrogen via sedimentation (or loss of roots) followed by decomposition was of particular importance for plant growth. A tight coupling between pelagic primary production, sedimentation, mineralization and nutrient incorporation into eelgrass biomass is evident. Nitrogen initially bound in easily degradable phytoplankton can in this way be incorporated into more refractory eelgrass tissue via mineralization-assimilation processes and thus be unavailable for pelagic primary production.
Although our data indicate that the vegetated sediment was a nitrogen sink, and apparently a more significant sink than unvegetated sediment (Fig. 3) , it is clear that this capacity is only temporary. Much of the inorganic nitrogen (82%) taken up from the water column and the sediment by the plants could be returned to the environment via loss and export of leaves (Fig. 4) . In principle this nitrogen could fuel new primary production. As indicated in this study, however, the turnover of nitrogen in live biomass is much slower for eelgrass than for phytoplankton. Furthermore, nitrogen bound in dead leaves is available for new primary production only after decomposition of the eelgrass tissue, and decomposition of detritus derived from Zostera marina is slow compared to decomposition of algae cells (Harrison 1989 , Buchsbaum et al. 1991 , Enn'quez et al. 1993 ). An important ability of the eelgrass bed, when compared to systems dominated by ephemeral macroalgae or phytoplankton, for example, is therefore to reduce the flow and turnover of nitrogen in the autotrophic community by trapping nutrients into slowly degradable tissue during the growth season. Although the capacity for permanent nitrogen removal via denitrification is reduced when compared to unvegetated sediments, as shown in this study, it is likely that the temporal storage of nitrogen in eelgrass may imply that eelgrass beds are superior to unvegetated sediments in reducing nutrient availability during the growth season. Slow growing marine macrophytes, like eelgrass, seem better adapted to low inorganic nitrogen availability than the more fast growing plankton algae and ephemeral macroalgae (Borum 1996) . The proposed ability of the plants to sequester dissolved inorganic nitrogen may therefore imply that eelgrass recolonization could accelerate estuarine restoration and thus increase ecosystem resilience.
